• AIM: To investigate the resistance to bacterial adhesion of materials used in oculoplastic surgery, particularly materials used in the manufacture of orbital implants.
INTRODUCTION
O ne of the main complications associated with the use of medical devices is their microbial colonization. This process depends on the characteristics of both the prosthetic material and the colonizing microorganism [1] . In the field of ophthalmology, responsible microorganisms are usually those living in the conjunctiva [2] . The conjunctival flora comprises a diverse group of species, among which coagulase-negative staphylococci and coryneform bacteria stand out [3] . The adhesion and biofilm development by microorganisms of the conjunctival flora have been widely valued in intraocular lenses [4] [5] [6] [7] . However, the materials used in oculoplastic surgery have been much less explored. Although bacterial biofilms have been demonstrated on symptomatic periocular prostheses [8] , there are no studies comparing in vitro resistance to bacterial adhesion of these materials. The purpose of this study is to analyze resistance to microbial adhesion of several materials used in oculoplastic surgery to select the most appropriate material for situations with high risk of infection.
MATERIALS AND METHODS Bacterial Strains
Eight bacterial strains were used to assess their adhesion to different oculoplastic materials. Four strains were purchased from the Spanish Type Culture Collection (CECT): Staphylococcus epidermidis CECT 231 (S. epidermidis), Acinetobacter calcoaceticus CECT 441 (A. calcoaceticus),
Corynebacterium amycolatum CECT 4163 (C. amycolatum), and Lactobacillus rhamnosus CECT 278 (L. rhamnosus). The other four strains [S. epidermidis, Staphylococcus aureus (S. aureus), Staphylococcus hominis (S. hominis) and a non-pigmented Serratia marcescens (S. marcescens)]
were obtained from the conjunctival swab of healthy eyes from patients who participated in a previous study. This study was approved by the institutional review board of our hospital. The techniques used to collect the data conformed to the tenets of the Declaration of Helsinki. Written informed consent was obtained from all study patients before participation. These wild strains were identified in the clinical microbiology laboratory of our hospital. The strain of S. epidermidis isolated from a patient was called S. epidermidis wild-type (WT), to differentiate it from the strain S. epidermidis CECT 231. Strains of CECT were initially grown in the specific recommended media, while wild strains were seeded on plates with tryptone soy agar (TSA). Afterwards, the adequate growth of all strains in TSA medium at 37℃ was verified. Dynamics of Growth and Adhesion Each strain was initially cultured on a TSA plate for 24h at 37℃. These cells were then seeded in a slant tube with TSA, which was cultured again under same conditions. Cells from the slant tube were then re-suspended in 5 mL phosphate buffered saline (PBS). The dilution was adjusted until it reached a concentration of 1.0 optical density measured at 540 nm (OD 540 ). One milliliter of this dilution was inoculated in a 250-mL flask with 50 mL tryptone soy broth (TSB) medium. The flask was incubated at 37℃ in a rotary shaker at 200 rpm. The growth curve of each strain was obtained by measuring the OD 540 . Bacterial adhesion was quantified in 96-well polystyrene microtiter plates. Cells cultured in TSB under agitation were collected at the end of the exponential growth phase, according to the previously calculated growth curve. Each strain was diluted to get a bacterial suspension of 1.0 OD 540 . Twenty microliters of this suspension was added into a microtiter well with 180 μL TSB. Each strain was incubated in six replicate wells at 37℃ without agitation. Adhered cells were quantified by the crystal violet method following the modifications described by Shimizu et al [6] .
However, we used crystal violet at 0.1% concentration and color readings were made at 570 nm. The kinetic curve of adhesion from each strain was performed by measuring the microtiter plates at 4, 6, 8, 12, 24 , 36 and 48h of incubation. Biofilm Formation Ability The ability of strains to develop a biofilm was determined using scanning electron microscopy (SEM). Biofilm maturity was established in three grades: irreversible attachment (monolayer microbial growth); microcolony (multilayer bacterial growth); and mature biofilm (multilayer growth with abundant extracellular matrix and channel formation at the biofilm base) [1] .
T h e b a c t e r i a w e r e i n c u b a t e d i n c o n t a c t w i t h polytetrafluoroethylene (Teflon) plates. Strains were first cultured in TSB for 12h under agitation at 37℃. In a 24-well polystyrene plate, a sterile Teflon sheet was deposited at the bottom of a well. Next, 1.9 mL TSB and 100 μL bacterial suspension 1.0 OD 540 were added. The plate was incubated without agitation at 37℃. Strains were incubated for 24 to 48h, according to the kinetic curves of adhesion to polystyrene. Finally, the Teflon plates were extracted and the formed biofilms were observed using a SEM (JSM-6480 LV, JEOL, Tokyo, Japan). Oculoplastic Materials The selected materials have been widely used in oculoplastic surgery [9] [10] : glass, steel, Teflon, polymethylmethacrylate (PMMA), silicone, high density porous polyethylene (HDPP), and semi-smooth polyethylene (SSP; a sheet of non-porous polyethylene with one surface covered of HDPP) [11] . Samples of the materials were obtained from different sources: glass was obtained by cutting optical microscopy slides, stainless steel and Teflon coupons were acquired from Alfa Aesar (Heysham, UK), PMMA from acrylic resin of ocular prostheses (provided with the appropriate form and measurements by the ocularist M.P.), silicone samples were obtained from orbital implants (FCI, Paris, France) and commercial stoppers (Saint-Gobain Verneret, Charny, France), and HDPP and SSP by cutting sheets of orbital reconstruction (Porex Surgical, Newnan, GA, USA). Plate-shaped samples of approximately 10×10×1 mm 3 were obtained from each material. The exact area of the contact surface exposed to microorganisms was measured in mm 2 for each plate. Bacterial Attachment to the Materials The materials were cleaned by sonication for 30min in PBS at 45 kHz. Subsequently, they were sterilized using 70% ethanol for 10min [12] . The surfaces of the 8 selected materials were examined by SEM to find out the level of superficial irregularities. The bacterial adhesion experiment was developed in 24-well polystyrene microtiter plates. All wells were engaged in every plate because each of the 8 materials was analyzed in three replicative wells. Thus, one microtiter plate was used for the adhesion study of each strain. Based on their growth curves, bacteria were previously cultured in TSB under agitation at 37℃ for 12h (20h in the case of A. calcoaceticus) and diluted to 1.0 OD 540 . Therefore, each well was filled with a cleaned and sterile material sample, 1.9 mL TSB, and 100 μL dilution of the corresponding strain. The plate was incubated without agitation at 37℃ for 12h.
To evaluate the bacterial attachment, each material sample was extracted and carefully washed with 2 mL sterile distilled water to remove non-attached cells. Then, the sample was placed in a 50-mL tube with 1 mL PBS. The attached cells were re-suspended by agitation in vortex at 1500 rpm for 10s and seeded in plates with TSA. After growing for 24h at 37℃, colony-forming units (CFUs) were counted. The CFUs obtained were adjusted per unit of material surface and were transformed into a decimal logarithm, following the method used by other authors [5] [6] . Therefore, the unit of measurement of bacterial adhesion to a material was expressed as log 10 CFUs/mm 2 .
Statistical Analysis
The adhesion results were measured in units of OD (adhesion curves to polystyrene) and CFUs/mm 2 (bacterial adhesion), so they were presented as the mean±standard deviation (SD). The CFUs recovered from each material were analyzed using the non-parametric Kruskal-Wallis test with the DunnBonferroni post hoc method to pairwise comparison. A P value of less than 0.05 was considered statistically significant. Statistical analysis was conducted using SPSS for Windows version 22.0 (SPSS Inc., Chicago, IL, USA). Charts were drawn with GraphPad Prism 5 for Windows (GraphPad Software Inc., La Jolla, CA, USA).
RESULTS

Dynamics of Growth, Adhesion and Biofilm Development
The growth curves of the selected strains are shown in Figure 1 . S. aureus and S. marcescens showed the highest levels of cell multiplication, while A. calcoaceticus and lactic acid bacteria L. rhamnosus showed the lowest growth. Most of the conjunctival strains had reached the exponential growth phase at 12h of culture under agitation, beginning their cell death phase at 20h. However, A. calcoaceticus reached the exponential growth phase at 20h of culture. Based on these outcomes, subsequent experiments were conducted with cultures of the strains in TSB under agitation for 20h for A. calcoaceticus and for 12h for the remaining microorganisms. Regarding the bacterial adhesion to polystyrene, S. aureus and especially S. marcescens showed more adhered cells, although the two strains of S. epidermidis also exhibited high levels of adhesion (Table 1 ). In contrast, C. amycolatum and A. calcoaceticus revealed a poor adhesion to polystyrene. All strains had the highest level of attached cells at approximately 12h of incubation (Table 1) . Therefore, the incubation time of the strains with the different samples of the materials was for 12h for all bacteria. The SEM images of the attached bacteria determined that all the studied strains except S. hominis developed a mature biofilm (Figure 2 ). The cells of S. hominis remained grouped in a microcolony with a minimal production of extracellular matrix. Conversely, the biofilms formed by the other studied strains showed a profuse extracellular matrix with microchannels. Bacterial Adhesion to Selected Materials Surfaces of the selected materials were generally flat on a microbial scale (Figure 3) . Glass showed one of the smoothest surfaces, despite presenting some small irregularities. Teflon, PMMA, HDPP, and SSP exhibited a relatively smooth surface similar to "cracked earth," while silicones had a granular appearance. The steel sample was the only one that displayed grooves of about 0.5 μm, although they were poorly interconnected. Bacterial adhesion differed significantly according to the material among S. epidermidis CECT, C. amycolatum, A. calcoaceticus, S. marcescens and L. rhamnosus (Table 2) . Except for S. marcescens, a pairwise comparison test could not determine differences in adhesion between materials. orbital implants. Because microbial adhesion to an abiotic surface depends on both the organism and the material [13] , we also studied the kinetic characteristics of the selected strains and the roughness of the materials. Bacterial strains used in this study are representative of the conjunctival flora [3, [14] [15] , except for L. rhamnosus. We selected three strains of coagulase-negative Staphylococcus (S. epidermidis CECT 231, S. epidermidis WT, and S. hominis) and a coryneform bacteria, C. amycolatum. These strains are considered saprophytic species. As pathogenic microorganisms, we used S. aureus and the Gram-negative coccobacillus S. marcescens (with high degree of pathogenicity) [16] and A.
calcoaceticus (with low pathogenicity) [17] . Although lactic acid bacteria are not present in the conjunctival flora, Lactobacillus rhamnosus was selected as adhesion control strain for its wellknown attachment ability [18] . The growth and adhesion kinetics of the selected strains correlated with their clinical and epidemiological characteristics. S. aureus and S. marcescens exhibited the highest growth levels ( Figure 1 ) and adhesion to polystyrene (Table 1) . These data agree with pathogenic bacteria because both growth and adhesion ability favor microbial survival [19] . Conversely, A. calcoaceticus showed low growth levels ( Figure 1 ) and adhesion to polystyrene (Table 1 ) and other materials (Table 2) . Although it can produce nosocomial infections and keratitis in contact lens wearers [17, 20] , this Gram-negative species is considered a human commensal of relatively low virulence that colonizes rather than infects [17] . The two strains of S.
epidermidis exhibited an intermediate level of adhesion to polystyrene (Table 1) , clearly superior to the control strain L. rhamnosus. Although S. epidermidis is referred to as the typical saprophyte species, it is the first etiological agent of corneal ulcers [21] and endophthalmitis [22] . S. hominis and C. amycolatum showed relatively high growth but poor attachment to polystyrene (Table 1) . Krolasik et al [23] determined that S.
hominis produces a small amount of extracellular matrix, according to its low pathogenic capacity [24] . In the present study, this was confirmed by SEM because S. hominis was the only strain that produced a microcolony and not a mature biofilm (Figure 2) . Conversely, C. amycolatum developed a dense biofilm. Although this species is regarded as a normal inhabitant of the skin, C. amycolatum is increasingly associated with infections of medical devices such as joint prostheses [25] or orbital implants [26] . Therefore, although there were differences in the degree of growth and adhesion, all the selected strains had the ability to adhere to abiotic surfaces. The key finding of this study is that bacteria adhered more intensely to HDPP than to silicone from orbital implants (Figure 4 ). This can be explained by differences in the material surface, because porosity and roughness are crucial parameters that influence the adhesion of bacteria [27] . Pores in a material mainly cause a surface enlargement depending on the pore size and the degree of interconnection [13] . Conversely, roughness can be defined as a pattern of fine-spaced irregularities [28] with a magnitude similar to the bacterial size. Although surface irregularities (such as cracks, furrows, or grooves) also slightly increase the total available surface, they favor microbial adhesion as increasing the direct contact between the material and microorganism walls [28] . SEM images of the selected materials revealed no cracks on the surface similar in size to the bacterial diameter (from 0.5 to 1 μm), except for steel (Figure 3 ). These 1-μm grooves in the stainless steel are common in this material [23] . However, the other observed samples, even the porous ones, were smooth on a microbial scale (Figure 3) . Therefore, we consider the increase in the surface area to be the main factor of the higher bacterial attachment observed for HDPP. Porous materials such as HDPP have a greater available contact area, which can be over 700% larger than an ideal plane [13] . Braem et al [13] noticed a significant increase in bacterial adhesion over a titanium sheet with pores of only 50 μm compared with a smooth-surface titanium. HDPP implants have 100-to 500-μm pores [29] , which translates to an important increase of the available surface and consequently means greater microbial attachment. However, it should also be noted that differences in adhesion were significant only with respect to silicone and not against other non-porous materials such as glass, Teflon, or PMMA (Figure 4) . In this sense, Mazoteras and Casaroli-Marano [7] also demonstrated a lower bacterial adhesion to silicone intraocular lenses with respect to PMMA lenses, especially when they measured the number of CFUs after 72h of incubation. Based on these outcomes, we advise oculoplastic surgeons to consider using silicone orbital implants in those cases with a high probability of infection, such as replacing exposed orbital implants or in eviscerations due to endophthalmitis. Bee et al [30] described a high risk for primary implant exposure after enucleation and evisceration in infected eyes when patients have a preoperative leukocyte count above 9500 cells/L. The surgical trauma from explanting an infected implant may cause fibrosis and harm the extraocular muscles [31] . Moreover, a twostage operation may be needed to manage extensive orbital implant exposure during implant removal and replacement [32] . These situations should make us think about the importance of using orbital implants manufactured with materials resistant to the microbial adhesion. Although porous orbital implants are the most frequently used nowadays [33] [34] , non-porous implants do not show differences in motility or in the exposure rate [9] . Really, the only advantage of porous orbital implants is that they can be covered with an autologous graft if an exposure occurs. Limitations of our study included some narrow circumstances with the materials. HDPP was the only porous material assessed. In addition, sheets of the materials were employed instead of complete orbital implants. Our bacterial adhesion technique required materials to have a plate-shape small enough to be inserted into each of 24 wells of the microtiter plate (approximately 10×10×1 mm 3 ). Therefore, some samples were obtained from original materials (glass, steel, PMMA, and Teflon) since the prosthetic products could not be trimmed in sheets with the required dimensions. Nevertheless, orbital implant silicone, HDPP, and SSP samples were obtained directly from final oculoplastic prostheses. We continue to evaluate the bacterial adhesion in other porous materials commonly employed in the manufacture of orbital implants, such as natural hydroxyapatite, synthetic hydroxyapatite, and alumina. Additionally, clinical trials are necessary to compare the rate of exposures in anophthalmic patients with HDPP implants with that in patients with silicone implants.
In conclusion, this study shows that bacterial adhesion to porous polyethylene is greater than to silicone. Although no significant differences were found among non-porous materials, the results suggest that silicone could be more resistant to bacterial attachment than other smooth materials. Although further clinical studies are necessary to confirm this laboratory research, silicone orbital implants may be a good option in anophthalmic patients with a high risk of primary implant exposure.
